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Abstract

Learning how amino acid sequences define protein structure has been a major

challenge for molecular biology since the first protein structures were deter-

mined in the 1960s. In contrast to the staggering progress with soluble pro-

teins, investigations of membrane protein folding have long been hampered by

the lack of high-resolution structures and the technical challenges associated

with studying the folding process in vitro. In the past decade, however, there

has been an explosion of new membrane protein structures and a slower but

notable increase in efforts to study the factors that define these structures.

Here we review the methods that have been used to evaluate the thermody-

namic stability of membrane proteins and provide some salient examples of

how the methods have been used to begin to understand the energetics of

membrane protein folding.
1. Introduction

Exploring the molecular forces that govern the structure and function
of proteins is essential to many of the fundamental pursuits of biochemistry,
including structure prediction and design, understanding evolution, disease
etiology, and drug design. Although integral membrane proteins are preva-
lent, comprising a third of all genomes, and carry out important biological
functions, our understanding of the folding and stability determinants of this
special class of proteins remains rudimentary.

A major challenge in the study of membrane protein folding is develop-
ing experimental systems that allow for controlled examination of the
reaction. Folding studies require experimental conditions that drive unfold-
ing but still enable complete refolding. In contrast to water-soluble proteins,
folding studies in membrane proteins are complicated by the physical and
chemical heterogeneity of the bilayer environment, which is matched
by equally varied properties of the membrane protein. The physical forces
that control folding also vary with the environment. It is therefore hard to
find convenient experimental systems that can satisfy all the different
constraints.

In this chapter we will discuss the in vitro experimental approaches that
have been used to study the membrane protein folding thermodynamics.
We will first introduce the two main classes of membrane proteins, namely
a-helical and b-barrel proteins, and review the methods for thermodynamic
characterization of folding and assembly for the two classes. We will not
explicitly discuss studies of folding kinetics here, which have been covered
in previous reviews (Booth and Curnow, 2006; Tamm et al., 2001).
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2. Two Classes of Membrane Proteins

Two classes of membrane protein structures have been observed to
date: a-helical membrane proteins, comprised of bundles of transmembrane
helices, and b-barrel membrane proteins, built from membrane-spanning b
strands (Fig. 8.1). The helical membrane proteins are generally found in the
inner membranes of bacterial cells or the plasma membrane of eukaryotes,
while the b-barrel class appears in the outer membrane of bacteria or
mitochondria. Both architectures are able to satisfy the requirement for
hydrophobic matching of the bilayer and the desire to satisfy hydrogen
bonds, but they impose very different folding imperatives (Fig. 8.2).

In an a-helix, backbone hydrogen bonds can be satisfied locally so that
an isolated hydrophobic helix can be effectively a stable domain within the
bilayer (Engelman et al., 1986). During helical membrane protein biogene-
sis, the translocon can shuttle individual helices or pairs of helices into the
bilayer (Rapoport, 2007), enabling final folding to proceed after membrane
insertion (Engelman et al., 2003; Popot and Engelman, 1990). While we still
do not have an experimental view of an unfolded membrane protein in a
bilayer, the fact that individual secondary-structure elements can be stable
suggests that it is reasonable to envision the unfolding of a helical membrane
protein as a loss of tertiary structure in the bilayer, but not complete loss of
stable helical transmembrane segments.

Unlike a-helices, individual b-strands of b-barrel membrane proteins
are generally not stable in the hydrocarbon core of the bilayer. The
a-helical protein b-barrel protein

Figure 8.1 Structures of representative a-helical and b-barrel membrane proteins in a
lipid bilayer. Left: bacteriorhodopsin (bR). Right: Transmembrane domain of outer
membrane protein A (OmpA).
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Figure 8.2 Thermodynamic folding pathways for a-helical and b-barrel membrane
proteins. Left: Two-state model of a-helical membrane protein folding, adopted from
Popot and Engelman (1990). Right: Coupled process of folding and insertion for b-
barrel proteins.
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backbone hydrogen bonds are not internally satisfied and the sequences tend
to be relatively hydrophilic, with one face of the strand lining a polar pore
and the other side facing the apolar core of the bilayer. Consequently the
biogenesis of b-barrel membrane proteins is very different from the biogen-
esis of a-helical proteins, involving chaperones that ferry the protein to the
membrane, and folding and insertion are highly coupled processes
(Kleinschmidt and Tamm, 2002). Thus, unlike helical proteins, the
unfolded protein is not likely to be inserted across the bilayer.

Because a-helical membrane protein folding and b-barrel membrane
protein folding are different, they need to be studied in different ways. In
this review we will discuss the techniques that have been applied to study
membrane protein folding, their limitations and prospects for the future.
3. Methods for Measuring Transmembrane

Domain Oligomer Stability

One way to access information about the energetics of molecular
interactions in membrane proteins is by measuring dissociation constants
of membrane protein subunits or isolated transmembrane (TM) helices. The
assembly of individual TM helices also provides a model for the folding of
larger helical membrane proteins from the unfolded, membrane-inserted
form with intact transmembrane helices.
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3.1. Analytical ultracentrifugation

After centrifugation of a protein to equilibrium, the concentration distribu-
tion in the cell is dependent on the effective mass of the protein (i.e., the
mass of the molecule corrected for buoyancy). Because the equilibrium
distribution does not depend on the shape of the molecule, it is an effective
technique for obtaining molecular weights of well-behaved proteins.
If the protein is an oligomer that dissociates in the concentration range of
the centrifugation experiment, the concentration distribution will reflect
the oligomerization equilibrium and the distribution can be fit to obtain
dissociation constants.

In the case of membrane proteins, the situation is complicated because
the sedimenting species is not the protein alone but the detergent-protein
complex. This can be dealt with either by adjusting the solvent density
(Choma et al., 2000; Tanford et al., 1974) or by judiciously choosing a
detergent (Fleming et al., 1997; Ludwig et al., 1982). In an ideal case, the
solvent density matches the detergent so that the detergent does not con-
tribute to the effective mass of the protein in the centrifuge tube (Fleming,
2008).

Another significant difference between soluble and membrane proteins
is the appropriate concentration units, and consequently, the standard state
(Fleming, 2002). A membrane protein is generally confined to the volume
defined by the micelle (Sehgal et al., 2005), not the total solvent volume, so
that increasing the detergent concentration decreases the effective concen-
tration of the membrane protein, even if the bulk concentration has not
been changed. Thus, the most appropriate concentration units are mole
fraction units in the micelle phase.
3.2. Förster resonance energy transfer (FRET)

Förster resonance energy transfer (FRET) measurements have been used to
analyze transmembrane helix dimerization energetics in various detergents.
If the Förster distance for a selected donor and acceptor pair is greater than
the interchromophore distance in the oligomer, an approximate average
degree of association at a particular peptide-detergent ratio can be deter-
mined by measuring the variation in the fluorescence intensity of the donor
attached to peptide as a function of the concentration of the acceptor while
keeping the total peptide-detergent ratio constant (Adair and Engelman,
1994; Chung et al., 1992; Gallivan and Dougherty, 1999; Reddy et al.,
1999). Then, by carrying out the measurements at different peptide-
detergent ratios, dissociation constants can be determined.

Hristova and coworkers established that FRET methods could be
applied to measuring free energies of helix-helix interactions in bilayers by
demonstrating homogenization and equilibration of transmembrane
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peptides integrated in either multilamellar or large unilamellar vesicles (You
et al., 2005). FRET measurements for different donor-acceptor ratios have
to be made from individually prepared samples because homogenization by
titration is hard to achieve in the vesicle system. The ability to measure
dissociation constants in bilayers is a major advantage over equilibrium
sedimentation that can use only detergent systems, but because there is a
limited dilution range possible in vesicle systems, high-affinity interactions
are inaccessible with this approach.
3.3. Disulfide cross-linking

DeGrado and coworkers introduced a disulfide cross-linking method to
measure the free energy of transmembrane helix oligomerization in deter-
gent micelles and, importantly, lipid vesicles (Cristian et al., 2003). In this
method, cysteines are introduced into the oligomerizing transmembrane
peptide at positions where they can form disulfide bonds when they are in
close proximity. If placed appropriately, disulfide formation is more favor-
able in the oligomer compared to the monomer. Thus, by measuring the
fraction of disulfide formed as a function of reduction potential, it is possible
to measure dimerization constants. Again, the ability to measure dissociation
constants in bilayers is a major advantage, but high affinity interactions may
be inaccessible because of the limited dilution range possible.
3.4. Genetic assay systems (TOXCAT, POSSYCAT, and GALLEX)

A number of genetic screens and selections have been developed to probe
transmembrane helix oligomerization. Most of the methods tether a DNA
binding domain that binds to DNA as a dimer to the TM domain. In this
manner, DNA binding is coupled to TM domain oligomerization. By
coupling gene expression to DNA binding, it is possible to assess TM domain
oligomerization by monitoring gene expression. Langosch and coworkers
developed the first system, using the transcriptional activator ToxR fused to
the lacZ gene, which can be either used in a selection or readily screened
using the well developed technology for detecting b-galactosidase activity
(Gurezka and Langosch, 2001; Langosch et al., 1996). In 1999, Russ and
Engelman converted the approach into a genetic selection, called TOXCAT,
in which the ToxR dimer regulates expression of chloramphenicol acetyl
transferase (CAT), conferring chloramphenicol resistance (Russ and
Engelman, 1999). Langosch and coworkers developed a similar system, called
POSSYCAT, in which the CAT gene is in single copy on the chromosome
(Gurezka and Langosch, 2001). Leeds and Beckwith developed a system in
which the TM domain is fused to the N-terminal domain of l-repressor,
which can confer resistance to the lytic growth of phage l (Leeds and
Beckwith, 1998). Schneider and Engelman expanded the approach to
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hetero-oligomers, employing a LexA DNA binding domain and named the
assay GALLEX (Schneider and Engelman, 2003). Protein fragment comple-
mentation assays have also been developed to assess oligomerization in
membranes (Remy and Michnick, 1999). Here two fragments of a protein
that are inactive separately are fused to a membrane protein. Oligomerization
brings the inactive fragments together where they can assemble and reconsti-
tute activity. Thus, activity is coupled to oligomerization. To our knowledge,
no genetic screens or selections have been implemented for antiparallel TM
helix interactions, which would be a useful advance.

A major advantage of these genetic screens and selection systems is that a
huge number of TM variants can be tested for their ability to oligomerize.
Moreover, oligomerization is assessed in a natural membrane rather than a
membrane mimetic environment. A disadvantage, however, is that free
energies of association cannot be measured directly. Nevertheless, free
energies are correlated with CAT expression in the TOXCAT system,
which allows for approximate free energies to be inferred (Duong et al.,
2007; Russ and Engelman, 1999).
4. Methods for Measuring Multipass a-helical
Membrane Protein Stability

Reversible folding, an essential requirement for making thermody-
namic stability measurements, is not easily achieved for larger polytopic
helical membrane proteins. Unfolding of helical membrane proteins
induced by most methods, such as thermal and chemical approaches, is
irreversible as reviewed by Stanley and Fleming (2008). Currently the only
viable method for measuring complex a-helical membrane protein folding
energetics is an SDS unfolding assay (Lau and Bowie, 1997).

Khorana and coworkers made the seminal observation that bacteriorho-
dopsin (bR) can be refolded from an SDS denatured state (London and
Khorana, 1982). On the basis of this observation, Paula Booth pioneered
studies of the mechanism of membrane protein folding by studying the
kinetics of SDS unfolding and refolding (Booth et al., 1996). Lau and Bowie
(1997) developed a thermodynamic stability assay for the protein diacylgly-
cerol kinase by monitoring unfolding as a function of SDS concentration. A
similar assay was later used for measuring the stability of bR (Chen and
Gouaux, 1999; Faham et al., 2004) and the disulfide-bond thio-
oxidoreductase DsbB (Otzen, 2003), though in the latter case equilibrium
constants were inferred by kinetic measurements (see also Curnow and
Booth, 2007). The SDS unfolding assay is similar to urea and GuHCl
denaturation of soluble proteins, except that a denaturing agent drives
unfolding.



220 Heedeok Hong et al.
As with any method to monitor unfolding and refolding reactions, it is
necessary to have an experimental probe that is sensitive to the conformational
change. Methods that have been used include the far UV CD signal (Curnow
and Booth, 2007; Lau and Bowie, 1997), the absorbance or fluorescence of
Trp residues (Booth et al., 1996;Otzen, 2003), and the retinal chromophore of
bacteriorhodopsin (Booth et al., 1996; Faham et al., 2004).

Equilibrium unfolding with SDS is best illustrated by bR, as it is the best
characterized and simplest system. A typical unfolding curve for bacterio-
rhodopsin monitored by retinal absorbance is shown in Fig. 8.3A. The
unfolding curves for bR are fit under a number of assumptions that have
varying levels of support. First, we assume that the system is in equilibrium
throughout the experiment. This seems well justified by the finding that
essentially the same curves are observed starting from the native state and
adding SDS, or starting from the SDS denatured state and diluting the SDS
(Lau and Bowie, 1997). Second, the unfolding reaction is assumed to be
essentially two state, with minimal contributions from unfolding intermedi-
ates. The two-state assumption appears to be an excellent approximation
because unfolding curves obtained by retinal absorbance and by far-UV
circular dichroism, probes sensitive to very different structural parameters,
show essentially the same unfolding curves (Curnow and Booth, 2007;
Faham et al., 2004) (see Fig. 8.3B). Third, we assume that the unfolding
free energy is linear with SDS concentration using mole fraction units. As
pointed out by Otzen and coworkers (Sehgal et al., 2005), the best concen-
tration units are micellar mole fraction, but we have used the bulk mole
fraction. We originally applied this approach only because it is simple and
appeared to fit the data well in the transition zones. More recently, mea-
surements of folding and unfolding rates as a function of SDS concentration
in the Booth lab also appear consistent with this simple analysis (Curnow
and Booth, 2007). The theoretical justification remains unknown to our
knowledge. As long as we keep extrapolations to a minimum, however, by
calculating only unfolding free energies near the transition zones, large
errors are unlikely. Fourth, we assume that the spectroscopic changes of
the native state as a function of SDS concentration are linear. There is no
justification for this assumption, but there is also no justification for a more
complex model. We therefore apply the simplest model that fits the data.
Applying these assumptions provides excellent fits to the unfolding curves
and allows us to extract unfolding free energies in the transition zones
(Fig. 8.3).

The nature of the unfolded state in SDS remains somewhat murky
(Renthal, 2006). Neutron-scattering experiments with soluble proteins
support a model where SDS micelles bind to the polypeptide chain, remi-
niscent of beads on a string (Ibel et al., 1990). The polypeptide generally
occupies the micelle surface, but presumably hydrophobic portions of the
protein are more buried in the apolar micelle core. This model is consistent
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Figure 8.3 SDS unfolding of bR. (A)Unfolding of bR at a concentration of 0.1 mg/ml
in bicelle composed of 15 mM 1,2-Dimyristoyl-sn-Glycero-3-Phosphocholine
(DMPC), 6 mM 3-[(3-cholamidopropyl)dimethylammonio]-2-hydroxy-1-propanesul-
fonate (CHAPSO) and 10 mM sodium phosphate (pH 6.0) induced by titrating in 20%
(w/v) SDS in the same bicelle mixture. Unfolding was monitored by detecting the
absorption of the retinal chromophore at 560 nm. The fitted curve is obtained using the
assumptions described in the text (i.e., two-state folding, linear dependence of unfold-
ing free energy with SDS concentration and linear dependence of the native state
absorbance with SDS concentration). (B) Unfolding curves for bR generated by
monitoring the retinal absorption at 560 nm (o) and far UV CD at 228 nm (□). The
curves are essentially identical, consistent with a two-state assumption.
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with the results from the Otzen group that the heat capacity decreases upon
unfolding in SDS, which suggests additional shielding from solvent by SDS
micelle binding (Sehgal and Otzen, 2006). It seems reasonable to suggest
that, for membrane proteins, the hydrophobic TM helical segments can
remain helical and somewhat buried in the micelle while the hydrophilic
portions become associated with the polar head groups, but this is largely
speculation.
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Howmuch structure remains within these putative micelle and polypep-
tide complexes? According to a straightforward interpretation of CD spectra,
DsbB shows essentially no loss of helical content (Otzen, 2003), whereas bR
and diacyl glycerolkinase lose about 40% and 15 % of helical content,
respectively, upon unfolding in SDS (Faham et al., 2004; Lau and Bowie,
1997). Renthal (2006) has pointed out that the helical content obtained from
NMR structures in SDS are consistently higher than observed by CD
measurements. He suggests that CD underestimates helical content in SDS,
perhaps because of changes in peptide absorbance. On the other hand,
nuclear Overhauser effects (NOEs) that are used to calculate nuclear
magnetic resonance (NMR) structures are sometimes observed for transiently
stabilized conformations and therefore may underestimate unraveled helices
that may also be present in the ensemble. Moreover, the close correspondence
of unfolding curves measured by far UV CD and other unfolding probes
strongly suggest that CD changes reflect conformational changes rather than
simply environmental effects on extinction coefficients (Faham et al., 2004).
The maintenance of considerable helical structure is an advantage of SDS
unfolding because it somewhat resembles the presumed unfolded state in
membranes in which transmembrane helix domains can remain folded
(Popot and Engelman, 1990). It is an open question howmuch residual tertiary
structure remains. Many membrane proteins, including bR, run normally in
SDS-PAGE suggesting that the properties of the detergent and protein
complexes are similar to soluble proteins, which appears inconsistent with a
compact denatured state (Renthal, 2006). In our own unpublished hydrogen
exchange results, we see an increase in water accessibility throughout bR,
further suggesting a loss of folded structure. Moreover, an NMR structure of
a twohelix fragment of bR in SDS shows considerablemaintenance of theTM
helical structure, but no helix-helix interactions (Pervushin et al., 1994).
Nevertheless, it is clear that stable tertiary interactions can be maintained in
SDS as various oligomers remain intact in SDS complexes. Thus, the possibility
of unbroken tertiary interactions in SDS remains a caveat to the interpretation
of these unfolding experiments (Renthal, 2006).

5. Methods to Study the Stability of b-barrel
Membrane Proteins

Because of the completely different design principles of b-barrel
membrane proteins, their unfolded reference state is different from that of
a-helical membrane proteins. Therefore, both numerical values of
measured stabilities as well as the methods to obtain these values are quite
different. In favorable cases, the unfolded reference state of b-barrel mem-
brane proteins is a completely denatured form that is no longer associated
with lipids or other amphiphiles.
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5.1. SDS denaturation

Beta-barrel membrane proteins are unusually resistant to denaturation by SDS
due to their extensive cross-strandH-bonding network. Likemany individual
TM a-helices, unboiled samples of b-barrel membrane proteins do not unfold
and show an anomalous migration behavior by SDS-PAGE. SDS molecules
do not bind proportionally to the length of the polypeptide chain, which leads
to faster or slower migration by SDS-PAGE than would be expected given
their molecular mass. However, when membrane proteins of this class are
boiled in SDS, they unfold completely, losing most of their secondary and
tertiary structure. This phenomenon has been known since the early 1970s as
heat modifiability of bacterial outer membrane proteins (Omps). The detailed
mechanism of this denaturation is not well understood and different forms of
even the same membrane protein can be modified up or down from the true
molecular mass upon omission of the boiling step in SDS-PAGE. For exam-
ple, folded full-length OmpA migrates at 30 kD, faster than unfolded 35 kD
OmpA (Surrey and Jahnig, 1992), whereas the folded TM domain of OmpA
migrates at 21 kD, slower than the 19 kDunfolded form of this domain (Arora
et al., 2000). Complete heat modification requires and, therefore, is an indica-
tor of the correct tertiary structure (i.e., closure of the b-barrel). Folding
intermediates such as a membrane-surface adsorbed form and a partially
inserted form, which have much of their native secondary structures already
developed, migrate by unboiled SDS-PAGE as if they were completely
denatured or at intermediate values (i.e., at 35 and 32 kD, respectively, for
OmpA) (Kleinschmidt and Tamm, 1996).

Although SDS does not affect the folded structure of unboiled Omps, it
does reduce their thermal stability. The thermal transition temperature (Tm)
decreases approximately linearly over several decades as the mole-fraction of
SDS is increased in a mixed SDS and nondenaturing detergent micelle
system (Mogensen et al., 2005).
5.2. Thermal denaturation

Measurements of thermal denaturation can provide Gibbs free energy
(△G), enthalpy (△H), entropy (△S), and heat-capacity changes (△Cp)
between the folded and unfolded states of proteins. While calorimetric
and spectroscopic measurements have been employed to characterize
these parameters for many soluble proteins (and to determine whether
their unfolding is truly two state), reversible thermal denaturation of mem-
brane proteins has so far not been achieved. However, there have been
numerous studies using irreversible thermal denaturation to get more quali-
tative insights into the stability of b-barrel membrane proteins. A recent
comparative study of a range of b-barrel membrane proteins of different
sizes illustrates this nicely (Burgess et al., 2008).



224 Heedeok Hong et al.
Some active transport systems of bacterial outer membranes have large
22-stranded b-barrels with an embedded plug domain. Thermal denatur-
ation studies by differential scanning calorimetry (DSC) have demonstrated
that the plug domain and the surrounding b-barrel are autonomous folding
units. For example, the plug domain of the iron-siderophore transporter
FhuA unfolded reversibly at 65 �C and the b-barrel denatured irreversibly at
74 �C (Bonhivers et al., 2001). Substrate binding increased the reversible
transition to 71 �C while the higher Tm transition remained unchanged.
When the plug domain was deleted, the irreversible transition of the b-
barrel decreased to 62 �C, indicating that the presence of the plug stabilized
the barrel structure.

The autotransporter AIDA has a b-barrel TM domain (b2) and a
surface-located b1 domain. Thermal denaturation in detergent micelles
showed that the b1 domain stabilizes the b2 domain (Mogensen et al.,
2005). Similarly, the interfacial a-helix of the lipid A biosynthesis protein
PagP stabilized its b-barrel TM domain (Huysmans et al., 2007).

Subunit interactions between monomers of trimeric porins may also be
studied by thermal denaturation. For example, mutations breaking inter-
subunit salt bridges have been shown to decrease the trimer-monomer Tm

of OmpF from 72 to about 50 �C and △Hcal from 430 to about 280 kcal/
mol (Phale et al., 1998). These examples show that even in the absence of
full thermodynamic descriptions, thermal denaturation studies are quite
useful for analyzing domain and subunit interactions in b-barrel membrane
proteins.
5.3. Solvent denaturation with urea or GdnHCl

In favorable cases, reversible refolding from a completely denatured state in
solution to the native state in lipid bilayers can be achieved with b-barrel
membrane proteins. This was first demonstrated for OmpA in lipid bilayers
of different lipid compositions (Hong et al., 2004). In these experiments,
completely solubilized unfolded protein in 8M urea (or 6 M GdnHCl) in
the absence of detergent was refolded in the lipid bilayer of interest. Besides
the aforementioned SDS-PAGE assay with unboiled samples, fluorescence
spectroscopy, limited proteolysis, and single channel conductance measure-
ments in planar lipid bilayers were used to ascertain quantitative conversion
to the native structure (Arora et al., 2000).

Unfolding of OmpA was monitored by SDS-PAGE, Trp fluorescence,
and CD spectroscopy at different concentrations of denaturant. A plot of
unfolded fraction versus denaturant concentration showed sigmoidal curves
with fairly sharp transitions (Fig. 8.4). To prove reversibility the reverse
experiment was also performed: unfolded protein was incubated with lipid
bilayers at increasing amounts of denaturant and the unfolded fraction was
determined. The unfolding and refolding curves were practically identical



0

35 kD

1.0

5.0

4.5

4.0

3.5

3.0

2.5

2.0

1.6

1.4

m
-value (kcal m

ol −1 M
−1)ΔG

o  
u,
H
2O

 (
kc

al
 m

ol
−1
)

1.2

1.0

0.8

0.6

0.8

0.6

0.4

0.2

0.0

0 2

7.0 8.0 9.0 10.0

4 6 8

pH 10.0

pH 9.2
pH 8.5
pH 8.0
pH 7.5
pH 7.0

[urea] (M )

pH

U
nf

ol
de

d 
fr

ac
ti
on

30 kD
35 kD
30 kD

1.0[urea]A

B

C

2.0 3.0 4.0 4.5 5.0 5.5 6.0 7.0 8.0

Unfolding

Refolding

Figure 8.4 Two-state equilibrium folding of OmpA in bilayers at different values of
pH. (A) Equilibrium unfolding (upper gel) and refolding (lower gel) of OmpA in
C16:0C18:1PC: C16:0C18:1PG lipid bilayers (92.5:7.5) measured by SDS-PAGE of
unboiled samples. The approximate midpoints of transition are indicated by arrows.
The unfolding and refolding reactions were incubated overnight in 10 mM HEPES
buffer (pH 7.5) containing 2 mM EDTA. The protein concentration and the lipid-
to-protein ratio were 5.6 mM and 800, respectively. (B) pH-dependent equilibrium
unfolding measured by Trp fluorescence. The protein concentration and the lipid-
to-protein ratio were 1.4 mM and 800, respectively. The unfolding curves at pH 10.0
obtained by Trp fluorescence (filled circles), far-UV circular dichroism (crosses), and
the SDS PAGE shift assay (open diamonds), which are measures of lipid binding,
secondary structure, and tertiary structure, respectively, superimpose in equilibrium
measurements although they are not all synchronized in kinetic experiments. (C) Free
energy of unfolding △Go

u,H2O
of OmpA in C16:0C18:1PC: C16:0C18:1PG bilayers as a

function of pH. The free energies and m-values were obtained from best fits of the data
of panel B to the two-state model described by Eqs. (8.3) and (8.4).

Membrane Protein Folding 225



226 Heedeok Hong et al.
(see also Fig. 8.4A). A small amount (typically 5% to 10 mol %) of the
negatively charged lipid POPG was included in the bilayer and the experi-
ments were performed under basic and low salt conditions (pH > 7.5,
[NaCl] < 30 mM). This ensured that the denatured state of the protein
became completely dissociated from the membrane surface by electrostatic
repulsion (the calculated pI of OmpA is 5.6).

Figures 8.4B and 8.4C show the pH dependence of the equilibrium
folding of OmpA in lipid bilayers. The fact that the unfolding and refolding
curves monitored by Trp fluorescence, far-UV CD and SDS-PAGE were
reversible and exactly superimposed (shown for pH 10 only, bold curve in
Fig. 8.4B) strongly suggests that the transition is in two-state equilibrium
because the three detection methods were previously shown to report on
different kinetic phases of the folding pathway of OmpA (Kleinschmidt and
Tamm, 2002).

For a two-state equilibrium transition the free energy of unfolding as a
function of denaturant is defined as follows:

DGo
u ¼ �RT ln Ku ¼ �RT ln ð½unfolded�=½folded�Þ ð8:1Þ

Linear extrapolation of the free energy to 0 M urea allows one to
calculate the free energy of unfolding in water, △Go

u,H2O, and the pro-
portionality constant m (Greene and Pace, 1974).

DGo
u;H2O ¼ DGo

u þ m ½urea� ð8:2Þ

In practice, the equilibrium unfolding curve monitored by the average
emission wavelength <l>, defined as <l>¼S(Fili)/S (Fi), where li and
Fi are the wavelength and the corresponding fluorescence intensity at the
ith measuring step in the spectrum, respectively, is fitted to the following
form of the two-state model (Mann et al., 1993).

< l>¼< l>Fþ< l>U
1
QR

exp½mð½denaturant� �CmÞ=RT �
1þ 1

QR
exp½mð½denaturant� �CmÞ=RT � ð8:3Þ

Here, <l>F and <l>U are the average emission wavelengths of the
folded and unfolded states, respectively, determined from linear extrapola-
tions of the two plateau values of the transition curve to 0 M urea. Cm is the
urea concentration where folded and unfolded fractions are equal.QR is the
relative ratio of the total fluorescence intensity of the native state to that of
the unfolded state and is needed for normalization when one uses <l>’s to
represent species concentrations. The free energy of unfolding is obtained
from the fitted values of Cm and m.
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DGo
u;H2O ¼ mCm ð8:4Þ

When the data of Fig. 8.4 were analyzed with this model, it was found
that the stability (–△Go

u,H2O
) of OmpA decreased from �4.5 kcal/mol to

�3.4 kcal/mol when the pH increased from 7 to 10 (Fig. 8.4C). The
significance of the m-value, which did not vary much with pH, has been
debated extensively in the protein folding literature. For soluble proteins, it
is often thought that this value, which is also a measure of the cooperativity
of the system, is related to the residue hydrophobic surface area that
becomes exposed to solvent upon denaturation. What this means exactly
for membrane proteins is not so clear at this time.

The rather small stabilities of OmpA (�3.4 kcal/mol at pH 10 reported
by Hong and Tamm (2004) and�9.3 kcal/mol for a different bilayer system
reported by Hong et al. (2007) are of the same order of magnitude as for
water-soluble proteins of similar size. This might be surprising at first sight
when one considers the extreme heat resistance of this and other b-barrel
membrane proteins. However, if one simply calculates the free energy of
transfer of all residues that are transferred into the lipid bilayer with the
augmented Wimley-White hydrophobicity scale ( Jayasinghe et al., 2001),
one finds that the net△Go amounts to only about�1 kcal/mol. Cross-strand
hydrogen bonding in the membrane likely drives the reaction further but is
counteracted by favorable hydrogen bonding with water in the denatured
state in solution. Obviously, and as is true for soluble protein folding, the
energetics of membrane protein folding are driven by a delicate balance
between large numbers of much larger attractive and repulsive forces.
6. A Few Salient Results on Forces that

Stabilize Membrane Proteins

Although this is a review on thermodynamic methods to study mem-
brane protein folding, we include a few salient results to better illustrate the
usefulness of these methods. In this section we intentionally cherry-pick a
few examples and do not intend to provide a comprehensive review on this
rather broad topic.
6.1. Van der Waals/packing interactions

Van der Waals packing is clearly an important factor stabilizing helical
membrane proteins. Indeed, TM helices with no polar side chains can
form stable oligomers (Popot and Engelman, 2000). Intimate packing
provided by the GxxxG (Russ and Engelman, 1999), glycine zipper (Kim
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et al., 2004;Wu et al., 2005), and leucine zipper motifs (Gurezka et al., 1999)
provides the necessary structural complementarity for packing of TM heli-
ces (MacKenzie et al., 1997). Faham et al. (2004) found very similar ener-
getic contributions of both polar and nonpolar side chains to the stability of
bacteriorhodopsin. As nonpolar side chains constitute the vast majority of
residues in the membrane, the results suggest that packing forces dominate.
6.2. Hydrogen-bonding interactions

It has been widely assumed that hydrogen bonds in membrane proteins
should be strong because of the lack of competition from water and the
low dielectric environment inside the bilayer, which should strengthen
electrostatic interactions. This idea is supported by the increased hydrogen-
bond strength seen for model compounds in apolar solvents relative to water
(Klotz and Franzen, 1962). Most hydrogen-bonding interactions between
side chains occur within a protein environment, however, not a membrane,
so that an apolar solvent may not be a good model for these bonds. Indeed,
the elimination of hydrogen bonds between oligomer subunits usually leads
to quite modest changes in stability (Duong et al., 2007; Gratkowski et al.,
2001; Hristova, 2008; Li et al., 2006; Stanley and Fleming, 2007), although
some contribute more than 1 kcal/mol. Eight hydrogen-bonded side-chain
interactions in bacteriorhodopsin were recently evaluated by double mutant-
cycle analysis and found to contribute only�0.6 kcal/mol on an average ( Joh
et al., 2008). Thus, hydrogen bonds between side chains appear to be a net
stabilizing force in membrane proteins, albeit not a dominant one.
6.3. Electrostatic interactions

OmpA contains a cluster of charged residues consisting of Glu52, Arg138,
Glu128 and Lys82 surrounded by aromatic residues Tyr8, Phe40 andTyr94 in
the center of the b-barrel (Fig. 8.5). A salt bridge between Glu52 and Arg138
on opposite walls of the barrel interior forms a complete barrier or gate for
ionic conduction through this channel protein. Using double mutant-cycle
analysis combined with urea-induced equilibrium unfolding, Hong et al.
(2006) determined the strength of this salt bridge to be �5.6 kcal/mol. This
is as strong as the strongest salt bridges observed deeply buried inside soluble
proteins. Other pairwise electrostatic interaction energies in this charge tetrad
were found to range from�0.6 to �3.5 kcal/mol (Fig. 8.5).
6.4. Aromatic-aromatic interactions

Statistical analysis of membrane proteins of known structure and genomic
sequence searches for identifying transmembrane segments of a-helical and
b-barrel membrane proteins show that aromatic residues are dramatically
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Figure 8.5 Electrostatic interactions in gating region of OmpA. The interaction
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enriched in regions of the protein that contact the membrane-water inter-
face (Adamian et al., 2005; Granseth et al., 2005; Landolt-Marticorena et al.,
1993; Senes et al., 2007; Ulmschneider et al., 2005; Wimley, 2002). This
prevalence is recapitulated in partition experiments of aromatic residue-
containing model peptides to the membrane interface (Wimley and White,
1996). The first thermodynamic measurements of aromatic side-chain con-
tribution to membrane protein stability in bilayers of a bona fide integral
membrane protein were performed with OmpA (Hong et al., 2007). It was
found that isolated Trp, Tyr, and Phe residues (with no neighboring
aromatic residues within a 7 Å radius) contribute on average �2.0, �2.6,
and �1.0 kcal/mol, respectively, to the stability of this membrane protein.
An unexpected new discovery of this study was that pairs of aromatic
residues within a 7 Å range contribute even more stability than they
would individually. Pairwise interaction energies in the range from �0.7
to �1.4 kcal/mol were measured between aromatic residues of OmpA that
reside in the lipid interface of OmpA. This is in the same range known for
similar interactions in water soluble proteins (Burley and Petsko, 1985;
Serrano et al., 1991).
6.5. Elastic lipid bilayer forces

The molecular packing of lipids in a fluid bilayer is maintained by a combi-
nation of several forces: headgroup repulsion in the polar region, surface
tension in the polar-nonpolar interface, and chain repulsion in the core region
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(Marsh, 2007). These forces create a lateral pressure profile along the mem-
brane normal, which cannot be directly measured but has been theoretically
calculated (Cantor, 1999). It is not surprising that this pressure profile mod-
ulates the function of many integral membrane proteins, including receptors,
ion channels, and enzymes (Botelho et al., 2006; Perozo, 2002; Rostovtseva
et al., 2006). Internal membrane pressures also modulate the thermodynamic
stability of membrane proteins, as was demonstrated with OmpA (Hong and
Tamm, 2004). Including short-chain lipids in a reference bilayer increases the
pressure in the interface region and including long-chain lipids with small
headgroups and/or increasing the number of double bonds in the acyl chains
increases the pressure in the core region of the bilayer. When the bilayer
thickness was increased the stability of OmpA increased by �0.34 kcal/mol
per Å of additional bilayer thickness (Fig. 8.6). With the known circumfer-
ence of the OmpA barrel this converts to �4 cal/mol per Å 2 of increased
hydrophobic contact area (i.e., about 20% of what would be expected from
the hydrophobic effect) (Tanford, 1979). Another approximately �1.4 kcal/
mol per Å bilayer thickness is probably counteracted by an elastic lipid
deformation energy due to a hydrophobic mismatch between the hydropho-
bic thickness of the protein and the equilibrium bilayer thickness in the
absence of the protein. Because it can be estimated that about 25 lipids
form the first shell of boundary lipid around OmpA, the energy for stretching
or compressing a lipid molecule should be around 50–60 cal/mol/ Å if the
first lipid shell absorbed all mismatch deformation. In reality this energy
would probably be distributed into further layers of lipid around the protein,
decaying quite rapidly from the perimeter of the protein.
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7. Conclusion and Outlook

Although the biogenic pathways of inserting membrane proteins into
the bilayers of biological membranes are guided by chaperones and specific
insertion machineries in vivo, it is fundamentally important to understand
the forces that ultimately determine the final structures that membrane
proteins adopt in lipid bilayers. Understanding these forces not only is of
academic interest but also can guide future design of membrane proteins
with altered functions and, from a practical standpoint of structural biolo-
gists, with better properties for forming two- and three-dimensional crystals
or improved stabilities for NMR studies.

With the advent of methods for evaluating the energetic effects of
mutations on membrane protein thermodynamic stability, we have started
to develop a quantitative, experiment-based picture of how protein
sequences drive the formation of membrane protein structure. This is
important because the elementary interactions that determine the folds of
membrane proteins cannot be derived a priori from the vast existing knowl-
edge of such forces in the soluble-protein-folding field. Some forces are
similar, but others are very different in the complex milieu of lipid bilayers.
Moreover, even for those elementary interactions that are similar, different
sets of forces likely dominate the determination of the ultimate fold of
membrane and soluble proteins.

A challenge in this field has been to find appropriate conditions to
generate unfolded states that refold reversibly into native states. As illustrated
in this chapter, substantial progress has been made in this regard in the last few
years for both a-helical and b-barrel membrane proteins. Despite this progress
a lot of work remains. The unfolded states, especially for a-helical membrane
proteins are still not very well defined. Because the denatured states of helical
membrane proteins harbor significant amounts of secondary structures asso-
ciated with SDS or other denaturing detergents, it is probably wise to directly
compare only measurements done on the same protein with each other rather
than try to make comparisons between different a-helical membrane pro-
teins. However, the double mutant-cycle approaches that have been devel-
oped for both a-helical and b-sheet membrane proteins elegantly circumvent
this problem (Hong et al., 2007; Hong et al., 2006; Joh et al., 2008). It does
not matter what the denatured state really is as long as the effects of the
mutations are independent.

With b-barrel membrane proteins we are also beginning to understand
the complexities that the lipid bilayer imparts on the folding reaction. Not
surprisingly, the stability of these and probably also a-helical proteins
depends on bilayer properties in a major way. Bilayer thickness, intrinsic
curvature, specific chemistries of headgroup structures, and so on affect the
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folding of membrane proteins. Biological membranes contain thousands of
different lipid species. So, what is the best lipid background for folding
studies of these proteins? The answer to this question is not clear at this
point, and it may be that different lipid mixtures will have to be defined as
appropriate reference states for membrane proteins that reside in different
membranes in the cell.

Although TM helix interactions can be studied in bilayers, there are still
no methods for studying the folding of polytopic membrane proteins within
a membrane. More needs to be done to explore the contribution of bilayer
properties and how the energetics of molecular interactions vary with
bilayer depth. The development of methods for unfolding and folding
helical proteins in bilayers should be a major goal for the field.

The tools for studying the folding thermodynamics discussed in this
chapter have enabled our first forays into the energetics of membrane
protein folding. However, there are vast new territories that will need to
be explored in this field for decades to come. Membrane proteins have to
catch up with 40 years of tremendous activity and accumulated knowledge
on the folding and energetics of soluble proteins. No doubt time will add
new tools and new, increasingly sophisticated insights. The field is still in its
infancy, and we look forward to substantial growth as well as practical
applications as it matures.
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